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Aptamer-Assisted Assembly of Gold Nanoframe Dimers

Gold nanoframes are of particular
interest due to the wide range of plasmonic
tunability in the visible and near-infrared
range that allows for electromagnetic field
enhancement at longer wavelengths, which
is critical for biological applications.[21–23]
The use of these aggregated systems has
shown particular potential in the field of
surface-enhanced Raman scattering (SERS)
where such assemblies provide welldefined enhanced electromagnetic fields
that, in turn, allow for the possibility of
label-free detection of targeted molecules.
A well-defined aggregated state of the gold
nanoframes is critically important for SERS
detection due to the uniform and highly
enhanced electromagnetic field located between two particles.
Such nanostructures have been previously studied theoretically;
however, experimental assemblies have not been shown.[22,24,25]
The controlled aggregation or distance-dependent assembly
of other nanostructures such as spherical nanoparticles and
nanocubes (of either silver or gold) has been realized through
lithographic techniques,[26,27] as well as electrostatic-,[28]
polymer-,[14,29] and DNA-[30,31] mediated assembly. Many of
these techniques are expensive, time-consuming, and require
extensive and precise surface modification and ligand-exchange
procedures, thus limiting their application for large area, high
throughput, and easily tailorable substrate fabrication. Current
studies frequently lack the high degree of binding selectivity
and specific spectral assignments that are possible with labelfree SERS sensors.[32] A “planet and satellite” approach has
been taken to form hot spots between large central particles and
small outer particles,[33,34] however this approach provides limited accessibility of analyte molecules to the hot spot location.
A key challenge in the field of SERS detection is to tailor the
hot spot region to the analyte of interest to provide a selective
and label-free substrate for trace detection. The hot spot design
is particularly important in the field of biomolecule detection
where many analytes often contain bulky sequences that must
be well understood in order to accurately assign Raman bands
and correctly identify the target analyte.
In this work, nanoframe dimers are assembled through the
electrostatic interaction of oppositely charged nanostructures
as mediated by small functionalized nanoparticles (Figure 1). A
linking spherical nanoparticle provides the critically important
and well-controlled binding distance and orientation of nanoframes. The mediating nanoparticles also provide a consistent
and specifically targeted binding moiety for biological sensing
through aptamer modification. The key feature of the gold nano-

The assembly of nanoframe dimers assisted by aptamer-functionalized
smaller spherical gold nanoparticles as prospective surface-enhanced Raman
scattering (SERS) biotraps for riboflavin, an important molecule for biological
electron transfer reactions, is reported. In this approach, the aptamer-coated
gold nanoparticles designed for selective binding of riboflavin also serve as
the electrostatic driver for nanoframe dimerization in dilute solutions. The
gold nanoframe dimers provide unique conditions for plasmonic coupling in
a hot spot with sufficient space for the binding of bulky biomolecules. The
use of an aptamer allows for highly selective binding of the targeted analyte
as compared with conventional organic ligands with excellent low detection
limit of one micromole of riboflavin.

1. Introduction
Nanostructure assembly has been an area of intense research
due to the unique plasmonic properties of aggregated metallic
nanoparticles useful for a number of applications.[1–4] These
nanostructure aggregates have shown a potential for a wide
variety of application in biological,[5–7] chemical,[8] vapor,[9]
environmental,[10] and hazardous materials sensing and identification.[11–13] In contrast to conventional and widely used
spherical nanoparticles, anisotropic noble metal nanostructures such as nanowires, platelets, nanorods, nanocubes, and
nanoframes with sharp edges and corners provide a great
deal of surface area for molecular binding as well as orientation-dependent plasmonic behavior.[14,15] Metal nanostructures have been extensively studied and applied in biological
related fields such as biodiagnostics,[16,17] disease therapy[18]
including controlled release and drug delivery,[19] and medical
imaging.[20]
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Figure 1. Aptamer-assisted hierarchal nanoparticle assembly using nanoparticles and nanoframes with selective binding within SERS hot spots.

frame dimers is the presence of a widened hot spot and coupled
plasmonic resonances that allow for a larger region of plasmonic
enhancement in which to detect the analyte of interest.
The unique structure and functionality of the aptamer
trapped between nanoframes allow it to be used as a capping
agent for electrostatic binding of SERS-active gold nanocages
while retaining the key selective binding properties needed for
targeted detection of specific bioanalytes. Aptamers are relatively
short single-stranded DNA or RNA sequences that can bind
target molecules with high affinity.[35] These molecules are relatively compact and can be derived chemically, giving them a distinct advantage over antibodies for designing biofunctionalized
“hot spots”.[36,37] The target analyte in this study is riboflavin, a
representative biomolecule that is a member of the B vitamin
group, which can be bound by a selected aptamer.[38,39] The
lowest energy folding structure of these single-standed DNA
aptamer sequences is determined using the well-developed
Mfold software.[40] Also known as vitamin B2, riboflavin is an
important molecule for electron transfer reactions in the body,
cell growth, and can even be used as a treatment for some clinical diseases. The riboflavin-binding aptamer used in this study
was first developed by Lauhon and Szostak[41] and has been successfully shown to specifically bind riboflavin in previous studies
using different detection techniques (Figure 1).[42,43]
Indeed, aptamers have also recently been exploited in SERS
sensors for the detection of adenosine.[44] This method relies
on the controlled nanoparticle junction formed following
adenosine binding and shows preliminary detection results
for a strong Raman marker, 4-aminobenzenethiol. Huh and
Erickson[45] have also demonstrated the use of an aptamer to
specifically detect the peptide hormone vasopressin using a
fluorescent label as the Raman marker. These studies indicate
that nanostructures containing aptamers can provide a powerful tool for biological detection, and thus new designs of such
nanostructures with the added advantage of label-free sensing
are explored here.
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2. Results and Discussion
AFM analysis of spherical nanoparticles before and after
aptamer binding showed individual round nanoparticles uniformly dispersed on a substrate, which indicated there was
no aggregation in solution (Figure 2). The diameter of bare
nanoparticles with the organic ligand cetyltrimethylammonium bromide (CTAB) was 15 nm ± 2 nm in the dry state.
The DNA aptamer for riboflavin was attached to the spherical
gold nanoparticles using an adopted procedure from Liu and
Lu.[46] Essentially the aptamer was modified at the 5′ end with
a thiol group to bind to the gold surface as well as a random
18 nucleotide sequence to provide a spacer between the
active portion of the aptamer and the gold surface allowing
for proper function. After aptamer grafting, the nanoparticle
diameter increased to 19 nm ± 2 nm thus confirming the
presence of the additional shell (see corresponding crosssections in Figure 2e). The UV–Vis spectra (Figure 2f) of the
spherical gold nanoparticles before and after aptamer adsorption showed no peak shift or broadening indicating that very
little aggregation occurred meaning individual nanoparticles
were functionalized and can be used for subsequent electrostatic binding.
Zeta-potential measurements additionally confirmed the successful grafting. These measurements showed a change in the
surface charge of the spherical nanoparticles with the positively
charged CTAB ligand from +46.8 mV ± 10 mV to −30.3 mV ±
5 mV after the nanoparticles were modified with the negatively
charged DNA aptamer. As discussed previously, the gold
nanoframes are additionally coated with a monolayer of polyallylamine hydrochloride (PAH) in order to impart a positive
charge with +13.2 mV ± 7 mV potential. The opposite charges
of the aptamer–gold nanoparticles and the gold nanoframes
then facilitate controlled aggregation into predominantly dimer
structures due to close to zero charge balance of these nanoparticle–dimer aggregates.
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Figure 2. AFM topography images of gold nanoparticles a,c) before and b,d) after aptamer functionalization. e) Corresponding cross-sections and f)
UV–Vis absorbance.

In order to achieve controlled dimer aggregation, a ratio of
4:1 spherical nanoparticles to nanoframes was used. A small
amount of magnesium sulfate was used in the mixing process
to provide a passivating ionic solution, which will promote
aggregation and stabilize nanoframe dimers as has been shown
previously.[28] This ratio was found to be advantageous for
dimer formation and avoiding aggregation by testing different
nanoparticle concentrations. A larger number of aptamer-functionalized nanoparticles compared with nanoframes were likely
required because of the much smaller size of the spherical
gold nanoparticles and differences in nanostructure solution
concentrations. Also, higher target (riboflavin) binding can be
promoted through a greater number of aptamer-coated gold
nanoparticles within gold nanoframe hot spots.
UV–Vis–NIR spectroscopy confirmed a dramatic change in
the plasmonic behavior of the mixed nanostructure solution as
dimer aggregation occurred. In order to monitor the dimerization and gradual aggregation of the nanostructure system,
the aptamer-functionalized gold nanoparticles were added in
small aliquots (100 μL) while absorbance was measured after
each addition, as shown in Figure 3a. The broad nature of the
absorbance spectra is likely a result of the variable aggregated
states, rounding of the corners and edges of the gold nanoframes, and the close proximity of the spherical nanoparticles
between and surrounding the nanoframe dimers. There is
a visible increase in the peak at 530 nm that corresponds to
the addition of spherical gold nanoparticles while there is

Part. Part. Syst. Charact. 2013, 30, 1071–1078

a broadening and dramatic red shift of the 965 nm nanoframe peak to 1040 nm indicating progressing aggregation of
dimer pairs leading to a gradual increase in plasmonic coupling between the gold nanoframes and spherical gold nanoparticles. The evolution of two additional minor peaks at 935
and 1160 nm after the final addition of aptamer-functionalized
gold nanoparticles (Figure 3b) can be attributed to the dimerization of the gold nanoframes in various orientations as concluded from finite-difference time-domain (FDTD) modeling
discussed in subsequent sections.
Transmission electron microscopy (TEM) of the mixed nanostructure solutions of gold nanoframes and aptamer-functionalized gold nanoparticles showed a variety of aggregates with
different aggregation numbers, nanoparticles present, gap
dimensions, and nanoframe orientations (Figure 4, see additional images in the Supporting Information). However, statistical analysis of more than 100 aggregates showed that vast
majority of aggregates formed dimers (Figure S1, Supporting
Information). Indeed, more than 50% of all nanostructured
aggregates were dimers of gold nanoframes, which indicated
a fairly high yield given the use of only electrostatic binding
for dimerization. The TEM images show that the spherical
nanoparticles have a tendency to bind to the edges and corners
of the gold nanoframes, resulting in an average of approximately two spherical nanoparticles for each dimer pair that provide a greater number of functional targeting molecules within
the widened hot spot (Figure S2, Supporting Information). The
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Figure 3. a) UV–Vis–NIR spectra of gold nanoframes with increasing volumes of aptamer-functionalized gold nanoparticles and b) peak deconvolution
of the final nanostructure mixture resulting from the dominant edge-to-edge dimer configuration.

Figure 4. TEM images of gold nanoframe dimers electrostatically assembled using aptamer-functionalized gold nanoparticles.

TEM images also show a very small number of nanoframes
that contain impurities within the frame indicating incomplete
etching during synthesis; however, these structural impurities
are not considered to provide a large contribution to the overall
SERS enhancement of the system and are not considered in
simulations. Moreover, statistical analysis (Figure S2, Supporting Information) shows that when the nanoframe dimers
form, there are consistently three representative nanoframe
arrangements dominating the overall picture: face-to-face, faceto-edge, and edge-to-edge. The majority of dimers (80%) form
face-to-edge and edge-to-edge orientations likely as a result of
the spherical gold nanoparticles that are bound between the
gold nanoframe pairs.
Therefore, these three different nanoframe orientations were
used for modeling the plasmonic signature of aggregated nanoframes important for their SERS behavior (Figure 5). In comparison with previous publications regarding nanoframes, we
improved our simulation by using cylindrical edges and spherical corners instead of rectangle edges and corners to be closer
to the real nanostructures (a direct comparison can be found
in Figure S3, Supporting Information).[21,24] The nanoframes
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were constructed using cylindrical edges and spherical corners
for the FDTD simulations to recreate actual morphologies with
actual dimensions from the observed TEM images (Figure S4,
Supporting Information). The gold nanoframe wall thickness
was found to be approximately 11 nm ± 3 nm with some variation in thickness along the edges.
The simulated plasmon resonances for all three orientations show two major peaks that correspond to conventional
transversal and longitudinal modes of frame elements and
edge-to-edge dimers showing red shifts and broader peaks.[47]
The simulated peak for 15 nm spherical gold nanoparticles
is also included in the plot for reference. The simulated resonance peaks are much sharper than the broad experimental
absorption peak with dramatic broadening of the experimental
peak caused by the variable wall thickness and edge waviness.
Indeed, the simulated results of different wall thicknesses
show that even small changes of around 1 nm in wall thickness results in a peak shift between 60 nm and 95 nm. Consequently, the plasmonic resonances should be significantly
broadened for actual nanoframes due to varying wall thickness.
In addition, the peak width is a result of the imaginary part of
the dielectric constant (damping) used in the simulation, which
is caused by interband transitions for which additional correction could be made by using the Drude model correction[48] or a
quantum-corrected model,[49] which is beyond the scope of this
study.
In order to accommodate these very sensitive parameters,
statistical analysis of TEM images was used to estimate a
weighting function to combine different modeled sizes of
rounded nanoframes that allows for an accurate description of
the experimental peak location. The experimentally measured
and modeling weight functions varied slightly likely as a result
of uncertainties in measuring the wall thickness; however,
both the measured and fit curves follow the same trend and
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Figure 5. a) Models of gold nanoframe aggregation conditions, b) FDTD modeling to describe the characteristic plasmonic behavior of gold nanoframes resulting from wall thickness variation and c) the evolution of the 935, 1080, and 1160 nm peaks based on the orientation of gold nanoframe
dimers and the spherical gold nanoparticle spectrum for reference.

the difference in average value was statistically insignificant
(Figure S4, Supporting Information).
The deconvolution of the final mixed nanostructure solution
UV–Vis–NIR spectrum shown in Figure 3b shows the presence
of three characteristic peaks at 935, 1080, and 1160 nm, which
are identical to the peak positions shown for the edge-to-edge
configuration modeled in Figure 5. The broad nature of the
experimentally observed spectrum indicates that all configurations of gold nanoframe dimers likely contribute to the overall
plasmonic behavior. The modeling shows that upon aggregation into dimers, the experimentally observed coupled plasmonic peak splitting can be qualitatively described by the three
configurations used in simulations (Figure 5). This indicates
that the primary contribution of the experimentally observed
extinction spectrum of the aggregated particles is a result of the
dimerization of gold nanoframes due to electrostatic interactions with aptamer-coated gold nanoparticles.
In order to provide a preliminary test of the SERS properties
of the nanoframe dimers, the nanoframe solution was exposed
to solutions of riboflavin with concentrations ranging from
100 × 10−6 M to 1 × 10−6 M, a specific targeted analyte for the
aptamer exploited in this study.[41] The selective binding properties of the aptamer should allow for the direct localization of
the analyte of interest in hot spot regions between the nanoframes forming the dimer. Figure 6a shows that the reference
spectrum of the gold nanoframes combined with the aptamercoated gold nanoparticles has very little signal interference
with the characteristic riboflavin peaks, therefore facilitating
trace level detection. The reference spectrum of gold nanoframes alone exposed to 100 × 10−6 M riboflavin also shows that
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there is little enhancement from the gold nanoframes alone
indicating the necessity for dimerization and the presence of
a targeted (aptamer) approach for selective sensing. When the
gold nanoframe dimer system was exposed to two different bioanalytes (epinephrine and serotonin) that are also important
stress-related biomarkers, there was no detectable signal, which
demonstrates the inherent specificity of the aptamer targeting
agent.
The riboflavin SERS spectrum exhibits a range of peaks that
can be attributed to riboflavin using literature values as well
as through comparison to the reference bulk riboflavin spectrum. A detailed analysis of the enhanced Raman spectrum of
riboflavin from the literature has been used for riboflavin peak
assignments.[50,51] The weak intensity bands located at 748 and
794 cm−1 can be attributed to ring breathing and bending of
the nitrogen-containing rings. The peaks at 1166 and 1190 cm−1
are a result of in-plane aromatic ring bending vibrations. The
medium intensity peak at 1235 cm−1 is from twist bending
vibrations of C⫺H and O⫺H groups. The very strong peak at
1356 cm−1 as well as the weaker peaks at 1410 and 1474 cm−1
can be assigned to carbon–nitrogen and carbon–carbon
stretching. Finally, the peaks at 1504, 1544, and 1587 cm−1 are
due to carbon–nitrogen, carbon–carbon, and carbon–oxygen
stretching. Small shifts in peak positions are expected for complex binding situations such as in the different dimer pairs.
The intensity and position of the described peaks are highly
dependent on the orientation of the bound riboflavin molecules
and the nature of substrates. The spectra in Figure 6b most
closely match the orientation of riboflavin functional groups
expected on gold surfaces.[51]

© 2013 WILEY-VCH Verlag GmbH & Co. KGaA, Weinheim

wileyonlinelibrary.com

1075

www.particle-journal.com

FULL PAPER

www.MaterialsViews.com

the direct experimental measurement of the
accessible detection limit by detecting several
solutions with diminishing concentration
(Figure 6b). The intensity change of the characteristic peak at 1356 cm−1 with decreasing
concentration indicates the viability of this
gold nanoframe dimer system as a sensor
for trace detection of bioanalytes with a limit
of detection of 1 × 10−6 M for riboflavin as
determined by a signal to noise ratio greater
than 3:1. These results show that the SERS
design proposed is capable of trace detection on a level better than most alternative
methods reported to date.[41] These results
indicate that the widened hot spot of the gold
nanoframe dimer properly allows for the specific binding of riboflavin molecules to the
aptamer targeting molecule grafted to the
gold nanoparticles at very low concentration
and demonstrate the potential of such dimer
nanoframe designs for practical biological
sensing applications.

3. Conclusions

Figure 6. a) Raman spectral comparison of gold nanoframe–gold nanoparticle dimer references with riboflavin on nanoframes only, aptamers on gold nanoparticles, epinephrine and
serotonin on gold nanoframe–gold nanoparticle dimers, and bulk riboflavin. b) Limit of detection study of riboflavin on aptamer-functionalized nanostructure dimers with concentrations
ranging from 100 × 10−6 M to 1 × 10−6 M as well as major peak assignments.

The SERS enhancement factor for this design cannot be
estimated easily because of widely varied assumptions such
as the exact number of riboflavin molecules located in the hot
spots. Therefore, in order to estimate the sensitivity of these
nanostructures, we choose to use the alternative method of
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A novel design for biological sensing with
potentially high selectivity has been suggested here, with aptamer-functionalized
gold nanoparticles used as a dual purpose element to both create a widened
nanostructure hot spot by electrostatically
dimerizing gold nanoframes and binding
the analyte of interest within a hot spot
for trace SERS detection. Directed gold
nanoframe dimerization was demonstrated
experimentally for the first time and
described and confirmed through detailed
UV–Vis–NIR spectroscopy and TEM analysis combined with FDTD modeling. Gold
nanoframe dimers were shown to provide
a large SERS enhancement without interfering with the riboflavin spectrum and
detection was demonstrated at levels as
low as 1 × 10−6 M. The controlled aggregation and highly specific localization of
the targeted analyte in this nanostructure
assembly approach provide a much higher
degree of target specificity than can be
achieved with current bio-SERS sensors
with non-specific organic ligands.

4. Experimental Section
Materials: All chemicals used in the synthesis and subsequent
modification and assembly of spherical gold nanoparticles and gold
nanoframes were purchased from Sigma-Aldrich and used as received.
The riboflavin DNA aptamer was obtained from IDT (Coralville, IA)
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Nanostructure Characterization: UV–Vis–NIR spectra of the two
different nanostructures as well as the mixed aggregates in solution
were recorded in 1.5 mL semi-micro quartz cuvettes using a Cary 5E
UV–Vis–NIR spectrometer (Varian). When mixing the nanostructure
solutions, a 4:1 ratio (based on estimated nanoparticle concentration
in as-synthesized solutions) of spherical aptamer-functionalized gold
nanoparticles to gold nanoframes was used. The nanoparticle solution
was added in 100 μL aliquots for step-wise measurements. Also, 200 μL
of 10−3 M magnesium sulfate was added to promote aggregation as a
passivating ion. All UV–Vis–NIR spectra were normalized to improve the
clarity of comparative peak positioning. The characteristic absorbance
peak of water at 1200 nm was shown to contribute less than 1% to
the overall spectral difference due to water concentration mismatch
between the sample solution and reference solution. Zeta-potential
measurements were made at neutral pH, at 25 °C, and with the
Smoluchowski model using a Malvern Nano S Zetasizer.
Atomic force microscopy (AFM) scanning of the spherical gold
nanoparticles before and after aptamer binding was conducted using
a Bruker Icon microscope with a Nanoscope IV controller. Scans were
performed with a rate of 0.5–1.0 Hz for surface areas of 5 μm × 5 μm and
1 μm × 1 μm according to usual procedure adapted in our lab.[58] Silicon
nitride tips (MikroMasch) were used with spring constants of 42 N m−1.
The AFM images of several different areas of the sample were collected
and representative images were selected for presentation. Size analysis
was determined by particle height measurements after flattening in the
dry state with a sample size of more than 100 nanoparticles.
TEM was performed to determine the gold nanoframe and gold
nanoparticles sizes as well as their morphology (including edge
rounding) and the degree of aggregation of the final product. The edge
rounding factor is defined as the edge radius scaled by the length of the
nanocube. TEM was done using a JEOL 100CX operated at 100 kV with
samples dropcast on carbon–formvar-coated copper grids (Ted Pella,
Inc.).
Raman Studies: For the detection of riboflavin within the Raman
active hot spot, a confocal Raman microscope (Alpha 300 R) (WITec)
with a 785-nm laser was employed as the incident light beam and a 100×
objective lens with 1 s integration time. Ten spectra were averaged from
different areas for each spectrum presented. For sample preparation,
the mixed solution of nanoframes and aptamer–nanoparticles was
premixed with the riboflavin analyte (from 100 × 10−6 M to 1 × 10−6 M)
for 1 h followed by centrifugation. The supernatant containing unbound
riboflavin was removed and the pellet was dispersed in water and
dropcast on a silicon wafer for Raman analysis.
Finite-Difference Time-Domain Method Simulation: Simulations of the
extinction spectra of gold nanoframes and their dimers were done using
commercially available software from Lumerical Solutions Inc. (FDTD
Solutions, 8.0.2). For gold permittivity, we used material data from
Johnson and Christy.[59] The permittivity was fitted with six coefficients
and an RMS error of 0.24. The water permittivity data were taken from
Palik[60] and had an RMS error of 0.005. A simulation mesh size of
0.5 nm (single nanoframe simulations) and 1 nm (dimer simulations)
was chosen and the second conformal variant mesh refinement was
used. For the best simulation stability, the mesh area was chosen to be
120 nm larger than the existing structure in all three principal directions.
All simulations reached the auto shut off level of 10−5 before reaching
100 fs simulation time. The perfect match layer (PML) method was use
for boundary conditions.
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and purified by standard desalting. The riboflavin-binding aptamer
sequence is: 5′ HS-ACTCATCTGTGAAGAGAG-GAACGACGGTGGTGGA
GAGATCGTTCC 3′ (Figure 1).
Spherical Gold Nanoparticle Synthesis and Functionalization: Spherical
gold nanoparticles were synthesized using the seeded growth approach
as has been previously reported.[52] Small gold seeds (<5 nm) were made
in a 20-mL aqueous solution of 2.5 × 10−4 M trisodium citrate and 2.5 ×
10−4 M HAuCl4 with the addition of 0.6 mL of ice-cold, freshly prepared
0.1 M NaBH4. The solution was allowed to react for 2 h before use as
the seed solution for subsequent particle formation. A 200-mL aqueous
solution of 2.5 × 10−4 M HAuCl4 and 0.08 M CTAB was prepared as a
stock growth solution. Two flasks were labeled A and B and used for
step-wise particle growth. In vial A, 9 mL of growth solution was mixed
with 0.05 mL of 0.1 M ascorbic acid then 1 mL of seed solution was
added with stirring and allowed to react for 30 min. In vial B, 9 mL
of growth solution was mixed with 0.05 mL of 0.1 M ascorbic acid an
then 1 mL of solution A was added with stirring and allowed to react
for 30 min. This procedure resulted in spherical gold nanoparticles with
diameters of 15 ± 2 nm.
Gold Nanoframe Synthesis: A galvanic replacement technique was
used to synthesize gold nanoframes from silver nanocube templates.[53]
The silver nanocubes were prepared as follows: 35 mL of ethylene glycol
(EG) is heated to 150 °C for 1 h with constant stirring. The temperature
and stirring were held constant during the synthesis procedure. 10 mL of
EG containing 0.25 g of polyvinylpyrrolidone (PVP) (molecular weight of
≈55 000 g) was then added, followed by the addition of 0.4 mL of sodium
sulfide (3 × 10−3 M) dissolved in EG. 3 mL of silver nitrate solution in EG
(282 × 10−3 M) was injected into the reaction mixture to prepare nanocube
templates with edge lengths of 50 nm.[54,55] The reaction was complete
after 10 min and a nontransparent solution was formed. The silver
nanocubes were washed by dilution with deionized (DI) water (Purelab
ultra ELGA) and acetone, followed by centrifugation at 10 000 rpm
for 5 min. The resulting precipitate was then dispersed in water.
The silver nanocube solution was then used to prepare gold
nanoframes. The purified nanocube solution was heated with stirring
until it began to boil. A 10 mg L−1 hydrogen tetrachloroaurate solution
was then injected into the boiling solution slowly until the absorption
spectrum of the solution shifted to approximately 960 nm, which
corresponds to gold nanoframes with about 50 nm edge lengths with
rounding.[25,55] The gold nanoframes were cleaned by centrifugation at
10 000 rpm for 5 min followed by dispersion in water.
Mixed Nanostructures Preparation: Gold nanoframes were mixed with
aptamer-functionalized spherical gold nanoparticles to form controlled
aggregate structures for SERS hot spots through electrostatically driven
aggregation (Figure 1). The electrostatically directed assembly of the
nanostructures was promoted by the strong positive charge of the PAH
capping layer of the gold nanoframes and the strong negative charge
of the aptamer-functionalized gold nanoparticles. The nanoframes were
functionalized with a PAH layer on the top of the PVP layer remaining
from the fabrication of the gold nanoframes using a process similar
to the layer-by-layer assembly technique previously published for silver
nanocubes.[56] The PAH layer was necessary to provide a strong positive
charge to counter the negative charge of the aptamer capping agent of
the spherical gold nanoparticles. The surface density of the apatmer
ligand is a critical factor in order to impart functionality to the aptamer
rather than just modifying the surface of the nanoparticle. After binding
a high density layer of aptamer to the surface of the nanoparticles,
mercaptohexanol was then used to displace some of the aptamers to
provide the space required for proper selective binding function.
SERS Substrate Fabrication: [100] silicon substrates (University Wafer)
with a native silicon oxide layer with 1.6 nm thickness were cleaned with
piranha solution (3:1 concentrated sulfuric acid and hydrogen peroxide
mixture; use with caution), abundantly rinsed with nanopure water,
and dried with a dry air stream in accordance with usual procedure.[57]
The mixed aggregated solutions of gold nanoframes and aptamerfunctionalized gold nanoparticles were then dropcast on the cleaned
silicon from dilute solutions in order to minimize drying effects on the
aggregate size and composition.

Supporting Information
Supporting Information is available from the Wiley Online Library or
from the author.
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